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Atomic force microscopy (AFM) is a force sensing nanoscopic tool that can be used to undertake a multiscale
approach to understand the mechanisms that underlie
cell shape change, ranging from the cellular to molecular
scale. In this review paper, we discuss the use of AFM to
characterize the dramatic shape changes of mitotic cells.
AFM-based mechanical assays can be applied to measure
the considerable rounding force and hydrostatic pressure
generated by mitotic cells. A complementary AFM technique, single-molecule force spectroscopy, is able to
quantify the interactions and mechanisms that functionally regulate individual proteins. Future developments of
these nanomechanical methods, together with advances
in light microscopy imaging and cell biological and genetic tools, should provide further insight into the biochemical, cellular and mechanical processes that govern
mitosis and other cell shape change phenomena.
Quantifying forces from cells to single molecules
The living cell is a highly specialized system that has
evolved manifold ways to precisely control biochemical
and biophysical interactions that regulate its molecular
machinery. Biomolecular interactions generate tiny forces
ranging from piconewtons (10–12 N) to nanonewtons (10–9
N) that persist over time spans from milliseconds to many
minutes or more. On the cellular level these interactions
can converge to drive considerable microscopic processes
such as migration, motility, adhesion, cell shape change
and division. But how cells establish and regulate these
interactions to operate basic cellular processes remains, in
many cases, mysterious.
In the past two decades, tremendous progress has been
made in developing force spectroscopy methods to quantify
chemical and physical interactions that contribute to cellular and biomolecular systems [1–5]. Most of these methods are based on atomic force microscopy (AFM), optical
and magnetic tweezers, and microneedles [6–9]. These
methods all use mechanical force probes such as cantilever
styluses, beads, vesicles or microneedles to measure biomolecular interactions. The large breadth in force resolution of these probes (from 10–4 to 103 nN) has enabled the
measurement of forces as tiny as a few hydrogen bonds up
to those required for separating two adhering cells. When
applying forces to manipulate and quantify single molecules, these methods are commonly described as singlemolecule force spectroscopy (SMFS).
Corresponding author: Muller, D.J. (daniel.mueller@bsse.ethz.ch).
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Most SMFS applications characterize the interaction of
a purified biomolecular system. Such in vitro experiments
have an inherent flaw because they characterize biomolecules that are removed from the cellular context, which
controls their assembly and functional state. Deciphering
how cells control biomolecular interactions in the highly
complex and dynamic environment of their interior
requires transferring SMFS to the living cell. To approach
in vivo experiments, SMFS can be applied from the outside
of the cell to characterize interactions on or beneath the cell
surface [10]. However, using SMFS to characterize cellular
processes inside the living cell remains a challenge for the
future [11]. Complementary to SMFS, single-cell force
spectroscopy (SCFS) characterizes the interactions within
an entire living cell [12]. These include, for example cell
adhesion or mechanics [3,13–15]. Among the various
SMFS and SCFS methods, the AFM-based approach provides the widest force resolution ranging from 10 pN to
several hundreds of nN, which is in principle sufficiently
sensitive to detect the binding of a single ligand to a single
receptor and sufficiently strong to quantify the adhesion
and mechanical properties of a living cell [7,10,12].
Invented in the early 1990 s, AFM-based SMFS is routinely applied to quantify the inter- and intramolecular
interactions of single proteins, nucleic acids, oligosaccharides, lipids and membranes [1,2,5,7,10]. Such interactions
can be of chemical or physical origin and include hydrophobic, hydrophilic, electrostatic, van der Waals, ionic or steric
forces [16]. Biological systems and processes characterized
by SMFS include ligand–receptor binding [1,3], protein
(un-)folding [4,5], motor proteins at work [7], functional
states of proteins [8,17], protein–protein and protein–
nucleic acid interactions, mechanical elasticity of polymers,
molecular and cellular adhesion, and biochemical recognition [2,3,10,12]. In principle, SMFS attaches one end of a
molecule to the tip of the AFM cantilever and the other end
of the molecule to a support. Separating the AFM tip from
the support elongates the biomolecule until it adopts a
stretched conformation. Upon further separation a mechanical stress is applied and the elastic molecule becomes
elongated. If the molecule is a protein it can unfold. If the
tip is functionalized by a ligand and the support by a
receptor, approaching both allows ligand and receptor to
bind, whereas separation ruptures the ligand–receptor bond
[3]. The deflection of the AFM cantilever measures the force
of these processes and thus quantifies their interactions.
In this review, we will emphasize how AFM-based SMFS
and mechanical assays can be exploited in combination with
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modern cell biological tools to characterize basic cell biological phenomena, such as mitotic cell rounding, to molecular
resolution. The shape of most adherent cultured animal cells
is flat and elongated, but it changes dramatically as cells
enter mitosis [18], reduce their adherence to the substrate
and round up, leaving retraction fibers attached to the
substrate [19]. Cells remain round until cytokinesis, when
cleavage furrow ingression divides the cell in two. Shape
changes involved in cytokinesis, in particular, depend on the
actomyosin cortex, a dynamic association of actin filaments
and myosin motors [20,21], which constitutes a major component of the cellular cytoskeleton. Our understanding of
the mechanics of cytokinesis has been advanced by studies
using both light microscopy [22–25] and mechanical techniques such as micropipette aspiration to study surface
forces [26], micromanipulation experiments [27], and spatially resolved AFM stiffness measurements of furrow dynamics [28]. Whereas cytokinesis has been somewhat
widely studied, the mechanics of mitotic cell rounding,
which is thought to be important for organization within
the mitotic cell and to facilitate the geometric requirements
of division, has received less attention to date [29–31]. The
actomyosin cytoskeleton relocates to the cell periphery in
the form of a homogeneous cortical layer and brings about
retraction of the cell margin and stiffening of the cell surface
during mitotic cell rounding [19,32]. This process depends
on the upstream regulator RhoA [32] and membrane–cortex
linkers, such as the ERM protein moesin [33,34]. However,
the question of how forces are generated to drive the drastic
morphological change of a mitotic cell remains an open
question. Here, we outline the use of AFM to quantify the
forces driving mitotic cell rounding, determine the cellular

mechanisms which underpin the process and characterize
the interactions regulating one such key protein, the Na+/
H+-antiporter, to molecular resolution. Importantly, the
unique application of AFM-based cell mechanics and SMFS
in combination with modern cell biological tools is not
restricted to the characterization of mitotic processes and
can in principle be applied to unravel numerous other basic
cell mechanical processes.
Force probing mitotic cells
Mitotic cell rounding has been observed within the tissue
of living organisms, in which mitotic cells are confined
by their surrounding cells and extracellular matrix
(Figure 1a) [29,35,36]. To simulate an impediment, such
as would be present when a cell is surrounded by
tissue, and to measure the forces driving cell rounding,
we recently developed a method that employed a stationary tipless AFM cantilever to confine mitotic cells
(Figure 1b) [37]. As the cells entered mitosis, they abandoned their flat morphology and attempted to round up
against the cantilever; however, they were constrained to a
near cylindrical shape (Figures 1b and 2a). The resultant
upward force was recorded and divided by the contact area
of the cell, as determined by light microscopy, to estimate a
normalized ‘rounding pressure’ (Figure 2b). To demarcate
the increase of force and rounding pressure in mitosis from
the more general effect of a flat cell de-adhering from a
substrate, individual G2/Prophase cells that had been
prerounded with trypsin were followed through mitosis
(Figure 2c). Despite cell size remaining relatively constant,
the rounding pressure increased by more than 3-fold after
cells entered mitosis (Figure 2d).
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Figure 1. AFM-based assay to quantify the force and pressure driving mitotic cell rounding. (a) A schematic of mitotic cell rounding in a densely packed tissue environment.
To round-up for mitosis, cells must create force (yellow arrows) to deform the surrounding cells. (b) An assay developed to measure such forces. A combined AFM and light
microscope setup can measure the force, F, of, and observe, mitotic cell rounding at conditions mimicking the constraints of a tissue. A cell is confined under the cantilever
and resistance forces are measured. Using light microscopy to measure the cross-sectional area of the cell, the rounding pressure, RP, can be derived by RP = F/A. Knowing
the height of the middle of the cell, zcell, and estimating the shape of the cell, it is also possible to calculate the cell volume, V  pzcell(r2 – zcell2/12). Inhibitors and
compounds of interest can be introduced to the cell by pumping them through the cell medium chamber via inlet and outlet ducts. In this way, it is possible to perturb
pressure and volume homeostasis of a single live cell during a real-time measurement.
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Figure 2. Characterizing the force and pressure that drives cell shape change. (a) A schematic depicting the transition from a flat adherent interphase cell into a round
mitotic cell with retraction fibers. Confining the cellular shape change with a cantilever enables the measurement of forces that drive shape change. (b) Data from a single
HeLa cell subjected to the scenario illustrated in (a). A tipless cantilever (spring constant  0.3 N/m) is placed above a prophase cell at 8 mm above the substrate. The
measured upward force (green) and calculated rounding pressure (red) are depicted; note that these measurements could be derived only while the cell was near cylindrical
(b). Displayed above the AFM data are overlaid differential interference contrast (DIC) and histone H2B–GFP images of a mitotic HeLa cell at the times indicated by the gray
dashed lines. To correlate the mitotic state to the rounding force and pressure generated, the HeLa cells stably expressed histone H2B–GFP as chromatin marker. Time zero
denotes nuclear envelope breakdown (NEBD). Mitotic phases are colored as follows: prophase (P, green), prometaphase (orange), metaphase (blue) and anaphase (red).
Scale bar, 10 mm. (c) A schematic depicting a nonadherent (trypsinized) HeLa cell on a surface in transition from interphase to mitosis. (d) Data from a single mitotic cell
subjected to the scenario in (c) but with the same assay presented in (b). Even without significant shape change, the rounding force and pressure increase 3-fold in the
transition from G2/prophase to metaphase. Panels (b) and (d) are reprinted with permission from Macmillan Publishers Ltd: Nature 469, 226–230, copyright (2011).

To determine which cellular mechanisms could generate
the increased rounding pressure exhibited by mitotic cells,
specific biochemical perturbations were conducted with
mechanical measurements [37]. Inhibitors targeting the
actomyosin cortex such as the F-actin barbed end capper
cytochalasin D, the actin monomer sequester latrunculin A,
the myosin II inhibitor blebbistatin and the ROCK inhibitor
Y27632, all caused a decrease in cellular rounding pressure.
By contrast, agents which dissolve the microtubule cytoskeleton prompted a minor increase in rounding pressure,
probably because Rho GEF-H1 was no longer inhibited [38].
In addition to these observed differences in mechanical
properties, discrete volume changes often accompanied
fast-acting perturbations. For example, latrunculin A
caused an increase in volume and a decrease in pressure
(Figure 3a,b). Moreover, the permeabilization of the plasma
membrane using pore-forming toxins, such as Staphylococcus aureus a-toxin or the exotoxin a-hemolysin, led to cell
shrinkage and a decline in pressure (Figure 3a,b). a-Toxininduced shrinkage was partly dependent upon the actomyosin cytoskeleton; it could be reduced if the cells were
pretreated with latrunculin A. Accordingly, hypo- and hypertonic shocks changed the volume and pressure of mitotic
cells in the expected directions (Figure 3a,b). Overall, it
became clear that the mitotic cell establishes an osmotic
446

gradient to generate pressure that facilitates rounding.
Indeed, the ability of the mitotic cell to maintain osmotic
pressure was substantially compromised (–5310%) with
exposure to 5-(N-ethyl-N-isopropyl)amiloride (EIPA), an
amiloride analog that inhibits the Na+/H+-antiporter,
NHE1 (also called SLC9A1) (Figure 3a,b).
Taken together, these results showed that the actomyosin cortex contracts against an outward-directed osmotic
pressure. From a biophysical point of view, the intracellular osmotic pressure is a scalar and cannot define cell
shape. Thus, actomyosin cortex contraction directs the
pressure into a defined cell shape. Together, actomyosin
contraction and osmotic pressure establish a balanced, and
most probably a highly regulated, system to control the
dramatic cell shape changes that occur during mitosis [37].
This model has general implications for cell and tissue
mechanics beyond just mitotic cell rounding: by locally
modulating actomyosin–cortex-dependent surface tension
and globally regulating osmotic pressure, cells can control
their volume, shape, motility and mechanical properties.
These concepts are in agreement with current knowledge
on the physics of cell shape change [39], specifically in
relation to development [40,41] and motility [42–44].
The above example highlights the fact that AFM-based
force spectroscopy in combination with perturbation
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experiments can be used to unravel basic mechanisms of
cell shape change in mitosis. In this example, a protein was
targeted that significantly contributes (up to 60%) to the
osmotic gradient and pressure and thus rounding of the
mitotic cell. In the following section, we describe how
SMFS can be used to reveal insight into interaction mechanisms modulating the functional state of such a target.
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Force probing target proteins
When applied to water-soluble proteins or nucleic acids
SMFS is limited in its ability to localize interactions on or
in proteins or nucleic acids [1,5,7]. This is because a reference point is missing to structurally localize the force peak
that characterizes an interaction. Such reference points
can be introduced by mechanical triangulation, which
engineers cysteine residues to control linkages of the protein topology [45]. However, this situation changes when
applying SMFS to membrane proteins (Figure 4). Upon
applying a mechanical pulling force to its terminal end, a
membrane protein starts unfolding stepwise; beginning
from the terminal end, one structural segment unfolds
after the other until the entire membrane protein has been
unfolded and extracted from the membrane [4]. Because
the membrane holds back the unfolding intermediate of
the membrane protein, it serves as a reference point. The
separation between the pulling AFM tip and the membrane refers to the length of the unfolded and stretched
polypeptide. Subtracting this length from the pulled terminal end allows to structurally locate the interaction and
to quantify its strength by measuring its force. Intra- and
intermolecular interactions structurally stabilize and determine the functional state of the protein. Thus, using
SMFS to quantify the interactions of a membrane protein
being set into different functional states allows localizing
and learning which interactions stabilize their structure
and which interactions modulate their functional state
[17,46–48]. Similarly, SMFS can be used to quantify the
interactions established upon binding of a molecular compound (e.g. ligand, substrate, drug), assembly with other
proteins, lipids or biomolecules [4,48–50].
AFM-based experiments probing the mechanics of cell
shape change in mitotic HeLa cells have identified the Na+/
H+-antiporter NHE1 as a key membrane protein contributing to elevated osmotic pressure. This is perhaps not surprising considering existing data showing that the Na+/H+antiporter (NHE1) is activated upon entry to mitosis [51]
and induces the cytosolic pH increase characteristic of mitosis [52]. Moreover, Na+/H+ exchange plays a major role in
regulatory volume increase after hypertonic shrinkage of
cells [53]. Exchanging H+ for Na+ increases the intracellular
osmolarity because pH is strongly buffered in the cytoplasm,
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Figure 3. Actomyosin contraction and hydrostatic pressure govern the mechanics
of mitotic cell rounding. (a) Relative changes in rounding pressure upon exposure
of metaphase cells to indicated perturbants in an 8 mm constant height assay
(Figure 2a,b, metaphase). Perturbations are Hypo 100 (–D100 mOsm/kg, hypotonic
shock), Hyper 200 (+D200 mOsm/kg, hypertonic shock), EIPA [50 mM 5-(N-ethyl-Nisopropyl)amiloride], Lat A (1 mM Latrunculin A), a-toxin (60 mg/ml Staphylococcus
aureus a-toxin), a-toxin after Lat A (1 mM Latrunculin A followed by 60 mg/ml S.
aureus a-toxin after 5 min) and hemolysin A (2 mg/ml). Changes shown for hypoand hypertonic perturbations are the maximums exhibited before the cell

responds with regulatory volume decrease (RVD) and regulatory volume
increase (RVI), respectively. (b) Relative changes in volume upon exposure of
metaphase cells in an 8 mm constant height assay (Figure 2b, metaphase) to the
same perturbants as listed in (a). (c) Uniform actomyosin contractile tension (red)
is balanced by an outward-directed, intracellular osmotic pressure (black).
Membrane–cortex linkers (purple) couple these two elements. The higher the
tension and pressure, the greater the cortex rigidity. Imbalances between tension
and osmotic pressure cause changes in cell volume and rounding force. The Na+/
H+-antiporter (green) and probably other as yet uncharacterized osmolyte
transporters (gray) govern the osmotic gradient and hence the hydrostatic
pressure within cells during mitotic cell rounding.
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Figure 4. Applying SMFS to localize and quantify inter- and intramolecular
interactions of a Na+/H+-antiporter. (a) The nanoscopic tip of the AFM cantilever
is nonspecifically attached to the C terminal end of the antiporter. Withdrawal of
the AFM tip stretches the C terminal end and deflects the cantilever. This deflection
measures the force. At sufficiently high forces the antiporter starts a stepwise
unfolding process. During the entire course of mechanical unfolding a force–
distance (F–D) curve is recorded (b–d). Force peaks of the F–D curve record the
interaction strengths established by the antiporter, whereas the peak positions are
used to structurally localize the interactions (e). The amino acid (aa) regions
establishing the interactions are located (purple spheres) taking the distance
measuring the length of the unfolded polypeptide. In (b) the antiporter was
unfolded in the absence of the ligand Na+. Compared to the unfolding in the
presence of the ligand (c), the ligand has established an additional interaction
highlighted by the green circle and arrow. This interaction locates to the ligandbinding pocket of the antiporter (e), which is encircled at the center of the blue
transmembrane a-helix V. The inhibitor 2-aminoperimidine (AP) (d) establishes the
same interaction at the ligand-binding pocket as observed for Na+. This interaction
is highlighted by the single red arrow and the smaller red circle. However, in
addition, the inhibitor significantly enhances an interaction denoted by the double
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thus causing Na+ to have a greater relative effect on
osmolarity in comparison to H+ [54,55]. Therefore, an increase in intracellular osmotic pressure triggered by Na+/
H+-antiporter activity can be deployed both to drive volume
recovery of hypertonically shrunken cells and shape changes
such as mitotic cell rounding. In the following example, we
will highlight how SMFS can be applied to reveal insight
into interaction mechanisms regulating a Na+/H+-antiporter. Thus far, SMFS has to be conducted on membrane
proteins that occur in densely packed assemblies of isolated
membranes. Because there are no SMFS experiments available on human NHE1, we discuss discoveries made on the
bacterial Na+/H+-antiporter NhaA from Escherichia coli.
Although these findings cannot be directly translated to a
mammalian context, it exemplifies the ability of an AFMbased platform to tackle such challenges.
Similar to NHE1, the Na+/H+-antiporter NhaA is involved in osmoregulation and pH homeostasis [56]. Moreover, NhaA is the only Na+/H+-antiporter whereby its
structure has been solved by X-ray crystallography [57].
To characterize NhaA by SMFS, the antiporter was purified and reconstituted into E. coli lipids. Then, the NhaAcontaining membranes were adsorbed to a support and
imaged in buffer solution using high-resolution AFM
[17,58]. After localizing individual membrane proteins,
the AFM tip was gently pushed to a single antiporter to
facilitate attachment of its C-terminal end. Upon withdrawing the AFM tip the C-terminal end was stretched and
a mechanical pulling force applied (Figure 4a). At sufficiently high pulling forces (100–200 pN) the interaction
stabilizing the first structural segment of NhaA ruptured
and the structural segment unfolded. The unfolded polypeptide was extracted from the membrane and stretched
until the interaction stabilizing the forthcoming structural
segment was detected. All interactions were detected when
unfolding the entire Na+/H+-antiporter during complete
withdrawal of the AFM tip.
As a first step, SMFS was used to quantify the interactions of the NhaA antiporter in the absence of its ligand
(Na+) (Figure 4b) [17]. A force–distance (F–D) curve records
the force over the pulling distance of the AFM tip (Figure 4b).
The force peaks of the F–D curve quantify the interactions of
NhaA that are mapped onto the tertiary structure of the
antiporter (Figure 4e). Then, the Na+/H+-antiporter was
functionally activated and exposed to the ligand. The F–D
curves recorded of the active antiporter (Figure 4c) show one
major difference to that of unliganded NhaA (Figure 4b) at a
pulling distance of 65 nm. This pulling distance identifies
an additional interaction at the center of transmembrane ahelix V, hosting aspartic residues 163 and 164, which are
involved in the ligand-binding site. This interaction disappeared after the ligand was removed from the buffer solution
[17]. Furthermore, the ligand was not able to establish this
interaction with functionally inactive antiporters. Thus,
this interaction is specific to ligand-binding and functional
activation of NhaA.
red arrows and large red circle (d). This additional interaction is located (red
sphere) at the green transmembrane a-helix IX, where flexibility is functionally
required. This interaction further stabilizes and restricts the conformational
flexibility of a-helix IX (e).
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Next, the interactions established upon binding of the
inhibitor 2-aminoperimidine to NhaA were investigated
[46]. F–D curves recorded in the presence of 2-aminoperimidine were different from those recorded of the inactive
and from those recorded of the active Na+/H+-antiporter
(Figure 4b–d). Similar to the ligand, the inhibitor established interactions at the ligand-binding pocket. These
interactions were independent of the presence of the ligand
[46]. However, the inhibitor established additional interactions that increased the stability of the transmembrane
a-helix IX by 50%. The X-ray structure of NhaA suggests
that a-helix IX fulfills certain roles [57]. First, a-helix IX is
likely to be the structural element transmitting the pH
signal required to activate NhaA. Second, the distortion of
a-helix IX allows a high structural flexibility for a longrange conformational change. Third, a-helix IX at the
membrane center is in direct contact with transmembrane
a-helices IV and XI forming essential parts of the Na+/H+exchange machinery. Thus, SMFS provided insight into
the mechanism by which 2-aminoperimidine deactivates
NhaA. First, the inhibitor binds and blocks the ligandbinding pocket. Second, it increases the interactions that
stabilize a-helix IX (its flexibility is essential for proper
functioning of the antiporter). The significantly strengthened interaction established at a-helix IX indicates that its
flexibility has been reduced. Indeed, dynamic SMFS was
able to show that the energy valley stabilizing this a-helix
reduces in width upon inhibitor-binding [47]. This reduction of the energy valley reduces the number of conformational substates and, thus, the flexibility of a-helix IX.
Concluding remarks
In this review, we described how AFM-based spectroscopy
was used to unravel the basic mechanisms that stimulate
the rounding of mitotic cells. This approach can be used to
target proteins of interest that contribute to the generation
of the osmotic pressure that drives this shape change. The
identified target can then be probed with force spectroscopy to examine, identify and quantify the interactions and
interaction mechanisms by which the target is functionally
modulated. Such an approach provides insight, for example, into how these targets are functionally modulated in
vivo and provides novel ways in which to manipulate their
functional state.
AFM-based approaches open an exciting and promising
avenue towards characterizing mechanisms driving cell
shape to molecular resolution. One limitation of AFMbased force spectroscopy (and other existing force spectroscopy approaches) is the current difficulty in directly measuring interactions of biomolecules inside the living cell
without perturbing the cellular integrity [11]. Thus, bringing SMFS into the living cell will be a major challenge.
With further development, these approaches will, in the
future, also become even more accurate and lead to even
more sophisticated ways to illuminate basic cell biological
mechanisms [6,8]. For example, combining AFM-based
imaging and force spectroscopy allows the detection of
the dynamic distribution and reassembly of membrane
receptors of living cells [2,10]. Combined with fluorescence
microscopy this approach allows optical imaging of membrane receptors and the use of AFM to identify receptors
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being functionally active [59]. For cell mechanics, the
versatility of AFM can be further exploited to probe the
mechanical properties of cells locally with a pyramidal or
spherical tip [28,60], or globally by using flat tipless cantilevers in parallel plate configuration [37,61]. This range of
methods has provided insight into how the cell responds to
the activation of membrane receptors [59,62,63] and have
shown how the nano- and micromechanical properties of
the cell surface change with the functional state of tissue
culture cells [28,64–66] and those extracted from living
tissue [60,67,68]. Moreover, AFM has been used to characterize the lamellipodial protrusive forces generated in a
migrating cell [69], forces generated by actin networks in
vitro [70], forces modulated by the actomyosin cortex in
vivo [15,60,71] and the contraction dynamics of single
platelet cells [61]. After applying such setups as assays
to screen for the target proteins that are responsible for the
force generating mechanisms, it is then possible to apply
SMFS to discover how these proteins are regulated. Thus,
in the future one can envision using AFM to harvest
quantitative information pertaining to fundamental cell
biological phenomenon and to provide understanding of
the mechanisms that regulate key molecular players in
such cellular processes.
The potential of AFM can be further leveraged when
combined with modern optical microscopy. This combination will make it possible to optically image cytoskeletal
reassembly or to follow cytoplasmic processes and trafficking while mechanically probing the cell. In combination
with modern cell biological and genetic tools, it will be then
possible to specifically perturb or highlight cell biological
processes contributing to cell shape changes, cell mechanics and cell adhesion. We envision that in the forthcoming
decade the unique possibilities of AFM to directly quantify
and manipulate biological systems will enable the characterization of physical properties from single molecules and
macromolecular complexes all the way up to cells, tissues
and organs. Such approaches should yield powerful new
insights and discoveries in basic biology and physiology.
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